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Ocean plastic pollution has resulted in a substantial accumulation of micro-
plastics in the marine environment. Today, this plastic litter is ubiquitous in
the oceans, including even remote habitats such as deep-sea sediments and
polar sea ice, and it is believed to pose a threat to ecosystem health. However,
the concentration of microplastics in the surface layer of the oceans is consider-
ably lower than expected, given the ongoing replenishment of microplastics
and the tendency of many plastic types to float. It has been hypothesized
that microplastics leave the upper ocean by aggregation and subsequent
sedimentation. We tested this hypothesis by investigating the interactions of
microplastics with marine biogenic particles collected in the southwestern
Baltic Sea. Our laboratory experiments revealed a large potential of microplas-
tics to rapidly coagulate with biogenic particles, which substantiates this
hypothesis. Together with the biogenic particles, the microplastics efficiently
formed pronounced aggregates within a few days. The aggregation of micro-
plastics and biogenic particles was significantly accelerated by microbial
biofilms that had formed on the plastic surfaces. We assume that the demon-
strated aggregation behaviour facilitates the export of microplastics from the
surface layer of the oceans and plays an important role in the redistribution
of microplastics in the oceans.1. Introduction
Mass production and usage of plastics combined with waste disposal and mis-
management have resulted in the accumulation of immense amounts of plastic
litter in marine environments [1–6]. A dominant fraction of this plastic litter is
distributed in the form of microplastics that are usually considered as plastic
particles with a size less than 5 mm [7] and typically comprise the following
types with different origins: (i) primary microplastics originating from factory
discharge or transport spills of plastic granulates and pellets used for the pro-
duction of larger plastic structures, (ii) primary microplastics from personal care
products, and (iii) secondary microplastics originating from the degradation of
macroplastic through weathering and mechanical forces [7,8]. Today, micro-
plastics are present in all marine ecosystems including remotely located ones
such as deep-sea sediments and polar seas including sea ice [7–17]. There is
some indication for a significant increase in the concentrations of pelagic micro-
plastics within the past decades [18]. However, a recent study, which confirmed
the worldwide presence of microplastics at the surface of the open ocean,
revealed that the concentrations of plastic in the surface ocean are considerably
smaller than expected and that this discrepancy is particularly pronounced in
the case of microplastics with a size of below 1 mm [19]. This indicates the exist-
ence of ubiquitous size-selective sinks that preferably remove plastic particles of
this size range. Potential effective microplastics sinks comprise fragmentation,
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determine ecosystem effects of microplastics, but, to the best
of our knowledge, no information about aggregation and ver-
tical export of microplastics in the marine water column is
available. It is conceivable that microplastics impact marine
particle dynamics by physically interacting with suspended
biogenic particles and thereby influencing the natural particle
size distribution and export dynamics of organic matter.
Recently, microplastics were shown to be present in natural
marine aggregates [20], and it was demonstrated in laboratory
experiments that microplastics attach to and are incorporated
in already existing aggregates [21,22]. Such processes can
clearly increase the sinking rates of the microplastics and
have been suggested acting as efficient microplastics sinks
and resulting in the export of microplastics from the ocean sur-
face layer [21–23]. However, the role of microplastics in the
early formation of marine biogenic aggregates and their poten-
tial to even stimulate the formation of such aggregates have not
been studied so far.
Aggregate formation strongly depends, among other
factors, on the stickiness (or coagulation efficiency) of the organ-
isms and particles involved [24]. Marine plastics are colonized
by microorganisms and represent suitable substrates for the for-
mation of biofilms [25–36]. Because biofilms typically feature a
rather sticky matrix of extracellular polymeric substances
[37–39], it is very likely that biofilm formation on the microplas-
tics increases the stickiness of these artificial particles
and thereby supports their adhesion to natural particles.
The aim of the present study was to systematically investi-
gate the aggregation behaviour of microplastics by testing the
following two hypotheses: (i) microplastics suspended in sea-
water are involved in the aggregation processes of natural
particles and can stimulate them; (ii) biofilm formation on the
microplastics surface enhances the aggregation potential of
the microplastics. The tests were performed with laboratory
aggregation experiments applying roller tanks and beads of
polystyrene, a plastic type that is commonly found in marine
environments [7,25,40] and whose density, which is compar-
able to that of seawater, makes it very appropriate for
aggregation experiments.2. Methods
To test the two hypotheses, we performed two types of exper-
iments. (i) The aggregation potential of microplastics that had
been chemically cleaned directly before the experiments (called
‘clean microplastics’ in the following) was analysed in natural
coastal seawater from the Bay of Kiel in the southwestern Baltic
Sea using polystyrene beads with a diameter of 700–900 mm
(figure 1a). To see how the formed aggregates develop over time
and if they are stable for longer time periods, these experiments
had relatively long durations of 8 and 12 days. The seawater con-
tained the natural biogenic particle community including
phytoplankton that in all experiments was comprised mainly of
dinoflagellates of the genus Ceratium and small diatoms. A bead
concentration of 50 beads l21 was applied. This concentration is
higher than most microplastics concentrations that have been
found in the oceans [4], but it is still in the range of microplastics
concentrations observed in the Caribbean and Sargasso Seas [41]
and in a coastal area of the southern North Sea [42]. As controls,
identical aggregation analyses were performed simultaneously
with (1) microplastics and filtered seawater from the Bay of Kiel
containing dissolved organic compounds and small bacteria and
(2) microplastics and sterile artificial seawater with a salinity thatwas identical to that of the natural seawater. In addition, the aggre-
gation of microplastics and biogenic particles was compared with
that of biogenic particles alone. (ii) To investigate the influence
of microbial biofilms on the aggregation behaviour of the micro-
plastics, 3-day-long experiments either with biofilm-covered
microplastics or, as a control, with clean microplastics were carried
out simultaneously in the same way and with the same controls as
described for the aggregation experiments with clean microplas-
tics. An overview of the different experiments and aggregation
situations is given in the electronic supplementary material, table
S1. All aspects regarding the preparation and the realization of
the experiments are described in detail below.
(a) Collection, processing and preparation of seawater
Seawater was collected on board the research vessel ‘Littorina’ at
the Boknis Eck Time Series site (54831.20 N, 10802.50 E) located at
the mouth of the Eckernförde Bay in the Bay of Kiel in the south-
western Baltic Sea. The seawater pump of ‘Littorina’ was used to
pump seawater from a depth of 2–2.5 m, which was located in
the mixed surface layer, into a clean polyethylene tank in spring,
late summer and autumn 2014 and in spring 2015. In the labora-
tory, the seawater containing the natural particle community
(including the plankton community) was poured through a
gauze with a mesh size of 500 mm (Hydrobios Apparatebau
GmbH, Altenholz, Germany) to remove larger mesozooplankton
organisms and to thereby clearly reduce the grazing mortality of
the phytoplankton during the experiments. This seawater is
called ‘unfiltered seawater’ in the following.
A part of the collected seawater was filtered using a peristal-
tic pump and a sterile Sartobranq P filter unit with a 0.2 mm
cellulose acetate membrane (Sartorius Stedim Biotech GmbH,
Göttingen, Germany). Artificial seawater was prepared with
Milli-Q water and sodium chloride (greater than 99.8%, Carl
Roth GmbH & Co. KG, Karlsruhe, Germany).
(b) Preparation of the microplastics
Polystyrene beads (called ‘microplastics’ in the following)
with a diameter of 700–900 mm (Styroporq P 326; BASF SE,
Ludwigshafen am Rhein, Germany) were cleaned in 10% hydro-
chloric acid overnight and subsequently rinsed thoroughly with
Milli-Q water. These manufactured microplastics are typically
used for producing expanded polystyrene (styrofoam) and contain
inclusions of the blowing agent pentane (see the ‘bubbles’ in
figure 1a) with slightly varying proportions resulting in a density
range of 1.02–1.05 kg m23. The cleaned microplastics were trans-
ferred to glass beakers filled with artificial seawater whose
salinity was similar to that of the seawater used for the aggregation
experiments. All neutrally buoyant microplastics were separated
by pouring and pipetting away all microplastics swimming at the
water surface and lying at the bottom of the beaker, respectively.
This procedure was repeated three times, and only the remaining
neutrally buoyant microplastics were used for the experiments.
(c) Monitoring of biofilm formation on plastics
To get information about how microbial biofilms form on plastic
surfaces, lids of polystyrene Petri dishes (Greiner Bio-One GmbH,
Frickenhausen, Germany) were put in (i) the Kiel Fjord (in the
inner part of the Bay of Kiel) at a depth of 0.5 m in late summer
2012 for 8 and 12 days and (ii) an indoor mesocosm filled with
seawater from the Kiel Fjord in autumn 2012 for 25 days.
(d) Preparation of the microplastics covered by
microbial biofilms
For each experiment with biofilm-covered microplastics, neu-






Figure 1. Microplastics and experimentally formed aggregates consisting of biogenic particles and microplastics. (a) Stereo micrograph showing some of the poly-
styrene beads used for the experiments. (b – e) Photographs of exemplary aggregates that formed out of biogenic particles and microplastics during the experiments
with clean microplastics (b) and with biofilm-covered microplastics (c – e). ( f ) Confocal laser scanning micrograph exhibiting a biofilm formed within five weeks on
the surface of one of the polystyrene beads used for the experiments. Blue, polysaccharide-containing structures; green, structures containing nucleic acids; red,
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extra aeration of the seawater), and the beaker was then stored
in a climate chamber with a temperature of 118C and a 24 h
light–dark cycle (12 L : 12 D) for 5 weeks. After this period, the
microplastics were covered with pronounced biofilms as
evident from analyses with confocal laser scanning microscopy.
(e) Aggregation experiments
The aggregation experiments were performed using a custom-
made roller table and custom-made cylindrical acrylic glass
tanks (called ‘roller tanks’ in the following) as described earlier
[43]. Each roller tank had a volume of 5 l. The following exper-
iments were performed (see also electronic supplementary
material, table S1). (1) Two 8-day-long experiments with clean
microplastics in unfiltered seawater containing the natural particlecommunity. As controls, roller tanks filled with (i) unfiltered
seawater containing the natural particle community (but without
microplastics), (ii) clean microplastics and filtered seawater, and
(iii) clean microplastics and artificial seawater were placed
and rotated on the roller table simultaneously. (2) Two 12-day-
long experiments with the same approaches and the same controls
as described in (1). (3) Four 3-day-long experiments, all with unfil-
tered seawater containing the natural particle community, with (a)
biofilm-covered microplastics and (b) clean microplastics (for com-
parison). As controls, roller tanks filled with (i) biofilm-covered
microplastics and filtered seawater, (ii) clean microplastics and
filtered seawater, (iii) biofilm-covered microplastics and artificial
seawater, and (iv) clean microplastics and artificial seawater
were placed and rotated on the roller table simultaneously.
All experiments were performed with three replicates and a micro-
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from sticking together. All experiments took place in a dark climate
chamber to avoid phytoplankton growth and an increase in the
phytoplankton concentration and thereby in the density of
biogenic particles during the experiments. Except for the first
8-day-long experiment, which for technical reasons was per-
formed at a temperature of 78C, all experiments were performed
at a temperature of 118C. These two temperatures are in the typical
temperature range of the Baltic Sea during the spring phytoplank-
ton bloom, and we assume that the relatively small temperature
difference between the first experiment and all other experiments
had a negligible effect. At the beginning of each experiment, the
roller tanks were rotated with 3 revolutions per minute (rpm) for
1 h to bring the water body in the roller tanks in motion as fast
as possible and to thereby avoid that the microplastics sank
down to the tank wall and accumulated. Subsequently, the roller
tanks were rotated with 1.5–2.5 rpm, which was an appropriate
velocity to make sure that the water body in the tank rotated as
fast as the tank wall and that the forming aggregates did not
sink down to the tank wall but stayed in suspension. During the
experiments, the aggregation development was monitored by
visual inspection daily. At the end of each experiment, the roller
tanks were carefully brought into a horizontal position. Immedi-
ately after the formed aggregates had sank down to the bottom
of the roller tanks, water samples (one per tank) were taken
through the lids of the tanks without damaging the aggregates
and without removing microplastics from the tanks. Subsequently,
the aggregates were photographed (see below), and the numbers
of microplastics that were not included in the aggregates and still
suspended in the water were determined. Owing to their size,
the microplastics can easily be seen with the naked eye. Visual
control could therefore make sure that no microplastics were
removed from the tanks and included in the water samples and
that all microplastics that were not included in the aggregates
were counted properly. Based on the counting results, the pro-
portions of microplastics included in the aggregates were
calculated.
The water samples were analysed for the concentration of par-
ticulate organic carbon (POC). For this purpose, two aliquots with
a volume of 250–500 ml were taken from each sample and filtered
onto combusted (8 h, 5008C) GF/F glass fibre filters with a pore
size of 0.7 mm (Whatman plc, Maidstone, UK) and stored at
2208C. For the analyses, the samples were dried at 608C overnight
and wrapped in tin foil. Subsequently, the POC concentrations
were determined with a Euro EA CHNSO Elemental Analyser
(HEKAtech GmbH, Wegberg, Germany) calibrated with an acet-
anilide standard. The means of the POC concentrations of the
two aliquots were then used to calculate the proportions of POC
included in the aggregates.( f ) Photographic and microscopic visualizations
The microplastics were visualized using the stereo microscope
Leica M205 A equipped with a 1.6 PLANAPO objective, the digi-
tal camera Leica DFC420 and the software Leica Application Suite
3.7 (Leica Microsystems GmbH, Wetzlar, Germany). Photographs
of the aggregates were taken using the objective AF-S VR Micro-
Nikkor 105 mm 1 : 2.8 G IF-ED and the digital single-lens reflex
cameras Nikon D750 and Nikon D800E (Nikon Corporation,
Tokyo, Japan). The biofilms formed on the polystyrene surfaces
were visualized using confocal laser scanning microscopy as
described in the following: most biofilms were stained in the
dark at room temperature for 20 min with sodium bicarbonate
buffer (concentration: 0.1 mol l21) containing SYTOq 83 (concen-
tration: 5 mmol l21; staining of nucleic acids; Thermo Fisher
Scientific GmbH, Darmstadt, Germany) and a conjugate of the
lectin Concanavalin A and the fluorescent dye Alexa Fluorq 633
(concentration: 0.1 mg ml21; staining of polysaccharides; ThermoFisher Scientific GmbH). The silica-containing structures of one
single biofilm were stained with fluorescein isothiocyanate
(FITC) bound to (3-aminopropyl)trimethoxysilane (both from
Sigma-Aldrich Chemie GmbH, Steinheim, Germany) at 48C in a
dark fridge for 1 h as described previously [44–46]. Subsequently,
the biofilm was thoroughly rinsed with sodium bicarbonate buffer
(concentration: 0.1 mol l21), and the structures containing nucleic
acids and polysaccharides were stained as described above. After
the staining, all biofilms were thoroughly rinsed with sodium
bicarbonate buffer (concentration: 0.1 mol l21). The biofilms on
the polystyrene Petri dish lids were immersed in immersion oil
type F (Leica Microsystems GmbH), while the biofilm-covered
microplastics were transferred to BacLight mounting oil (Thermo
Fisher Scientific GmbH) and mounted on an object slide using
reinforcement rings (Herlitz PBS AG Papier-, Büro- und Schreib-
waren, Berlin, Germany) [47] and high-precision coverslips
(Carl Zeiss Microscopy GmbH, Jena, Germany). The fluorescences
of the specimens were visualized with the confocal laser scann-
ing microscope Leica TCS SP5 II and the objective Leica HC
PL APO 20/0.75 IMM CS2. In the case of the biofilms on the
Petri dish lids, the objective was directly dipped in the immer-
sion oil. The following wavelengths were used to excite the
different fluorescences, and the following fluorescence wave-
length ranges were detected for the visualization: FITC: 488 nm
excitation, 500–550 nm emission; SYTOq 83: 543 nm excitation,
550–570 nm emission; Alexa Fluorq 633: 633 nm excitation,
640–670 nm emission; chlorophyll autofluorescence: 488 nm
excitation, 640–740 nm emission.(g) Data processing and statistical analyses
The data from all experiments with the same type of microplas-
tics and/or the same aggregation situation (i.e. biofilm-covered
or clean microplastics and unfiltered seawater, filtered seawater
or artificial seawater) were pooled. By doing this, we achieved
a replication of 6 for all experiments carried out for 8 or 12
days and a replication of 12 for all experiments carried out for
3 days.
Data on the proportion of microplastics included in the aggre-
gates during the experiments that had been run for 8 and 12 days
were analysed with a generalized linear model (GLM) of the family
‘Poisson’ using the factor ‘length of aggregation period’ with the
levels ‘8 days’ and ‘12 days’ and the factor ‘situation’ with the
levels ‘unfiltered seawater’, ‘filtered seawater’ and ‘artificial sea-
water’. The assumptions of normality of errors and homogeneity
of variances were verified on the basis of residual plots.
To analyse the data on the proportion of POC that was present
in the aggregates formed within 8 and 12 days, we applied a two-
way analysis of variance using the factor ‘length of aggregation
period’ with the levels ‘8 days’ and ‘12 days’ and the factor ‘pres-
ence of microplastics’ with the levels ‘yes’ and ‘no’. The model
assumptions were tested in the same way as for the GLM.
To test for a possible influence of the biofilm on the proportion
of microplastics included in the aggregates that had formed in the
different aggregation situations during the 3-day-long experiments,
a two-way fully crossed model was calculated using the factor ‘bio-
film’ with the levels ‘yes’ and ‘no’ and the factor ‘situation’ with the
levels ‘unfiltered seawater’, ‘filtered seawater’ and ‘artificial sea-
water’. Since the variances in the experimental groups differed
markedly between the levels of ‘situation’, we used a GLM of the
family ‘Poisson’ for this analysis. After specifying the model,
the assumptions of normality of errors and homogeneity of var-
iances were verified on the basis of residual plots. In addition to
this global test, Welch-adjusted t-tests were used as a post hoc pro-
cedure to identify significant differences between biofilm-covered
and clean microplastics within the different levels of ‘situation’.
The same was done to test for a significant influence of the biofilm
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Figure 2. Aggregation behaviour of microplastics. (a) Incorporation of clean microplastics in aggregates as a function of the aggregation period and the aggregation
situation ( presence or absence of biogenic particles, aggregation in filtered or artificial seawater). (b) Incorporation of POC in aggregates as a function of the
aggregation period and the aggregation situation ( presence or absence of microplastics). (c) Incorporation of microplastics in aggregates as a function of
the microplastics properties (clean or biofilm-covered) and the aggregation situation ( presence or absence of biogenic particles, aggregation in filtered or artificial
seawater). (d ) Incorporation of POC in aggregates as a function of the microplastics properties (clean or biofilm-covered). In (a – d ), the columns and error bars
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the normality of the data with histograms.
All statistical analyses were performed with the freely
available statistical computing software R v. 3.4.3 [48].3. Results
(a) Aggregate formation
In all experiments with biogenic particles, the microplastics,
both clean and biofilm-covered, interacted intensively and
rapidly with the biogenic particles resulting in the formation
of relatively large aggregates (in part with sizes of several milli-
metres) consisting of both microplastics and biogenic particles
(figure 1b–e). A large fraction of the microplastics present in the
aggregates was located in the inner aggregate parts, while only
a few microplastics were attached to the outer aggregate
surface. In the control experiments with clean microplastics
and filtered or artificial seawater, the aggregates were never
composed of more than three microplastics. In the control
experiments with biofilm-covered microplastics and filtered
or artificial seawater, most of the aggregates contained a maxi-
mum of three microplastics, and only single ones were
composed of four or five microplastics.(b) Aggregation behaviour of the clean microplastics
In the experiments with biogenic particles and clean microplas-
tics, the first aggregates visible to the naked eye formed after
about 1 day. During the longer experiments, after about 4
days, the aggregates had reached a size that was already very
close to their final size at the end of the experiments after
8 and 12 days. By contrast, in the control experiments with bio-
genic particles only, the first aggregates typically formed after
3–4 days, and after 5–7 days, their size was very close to their
final size after 8 and 12 days. At the end of the 3-day-long
experiments, many of the clean microplastics (mean: 33.7%)
were included in the aggregates (figure 2c). In the longer exper-
iments, on average 64.3 and 73.3% of the microplastics were
included in the aggregates after 8 and 12 days, respectively
(figure 2a). In all corresponding control experiments with
filtered and artificial seawater, much smaller proportions of
the clean microplastics aggregated, and the proportions
slightly increased with the length of the experiments and
were always larger in experiments with filtered seawater
than in experiments with artificial seawater (figure 2a). In all
these longer experiments, the influence of the aggregation
period and the influence of the aggregation situation on the
proportion of microplastics included in the aggregates were




Figure 3. Biofilm formation on marine plastics. (a – d ) Confocal laser scanning micrographs showing marine biofilms formed on the surface of polystyrene plates.
(a – c) Biofilms formed within 8 (a,b) and 12 (c) days in the Kiel Fjord in late summer 2012. Blue, polysaccharide-containing structures; green, structures containing
nucleic acids; red, chlorophyll-containing structures. (d ) Biofilm formed within 25 days in an indoor mesocosm filled with seawater from the Kiel Fjord in late
summer 2012. Blue, polysaccharide-containing structures; green, diatom frustules and structures containing nucleic acids; red, chlorophyll-containing structures;
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period’ and ‘situation’ (electronic supplementary material,
table S2) is difficult to interpret, because the effect of ‘situation’
did not change with time. Regardless of the time that had
elapsed since the start of the experiment, the proportion
of aggregated microplastics was always the largest in
the experiments with biogenic particles and the lowest in the
experiments with artificial seawater (figure 2a).
The proportion of POC that was included in the aggre-
gates at the end of the longer experiments both with clean
microplastics and biogenic particles and with biogenic par-
ticles only increased with an increase in the aggregation
period. This proportion was always slightly larger when
clean microplastics were present than when only biogenic
particles aggregated (figure 2b). However, the latter influencewas not statistically significant, while the length of the aggre-
gation period had a significant influence on the proportion of
POC included in the aggregates (electronic supplementary
material, table S3).(c) Formation of microbial biofilms on plastics
The confocal laser scanning microscopy analyses revealed
that a considerable number of bacteria and microalgae was
present on the plastic plates after a few days (figure 3a–c),
and within a few weeks, pronounced biofilms had formed
on the surfaces of the plastic plates (figure 3d ).
The biofilms covering the microplastics that were used
for the experiments had been formed by bacteria and micro-
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(figure 1f ).
(d) Aggregation behaviour of the biofilm-covered
microplastics
In the presence of biofilm-covered microplastics and biogenic
particles (i.e. in unfiltered seawater), the first aggregates visible
to the naked eye had formed already after a few hours, and
after 1–2 days, the size of the aggregates was very close to
the final aggregate size at the end of the experiments after
3 days. No obvious difference in the structure and composi-
tion was observed between the aggregates formed with
biofilm-covered microplastics and those formed with clean
microplastics (figure 1b–e). In the 3-day-long experiments in
unfiltered seawater, nearly all (mean: 91.6%) biofilm-covered
microplastics were included in the aggregates (figure 2c).
After 3 days, the proportion of biofilm-covered microplastics
included in the aggregates was significantly larger than the
proportion of clean microplastics included in the aggregates,
which was the case in all aggregation situations (Welch-
adjusted t-test: ‘unfiltered seawater’: t ¼ 20.18, p  0.001;
‘filtered seawater’: t ¼ 21.76, p  0.001; ‘artificial seawater’:
t ¼ 31.13, p  0.001; figure 2c; electronic supplementary
material, table S4). In addition, in each of the aggregation
situations, the proportion of biofilm-covered microplastics
included in the aggregates after 3 days was considerably
larger than the both corresponding proportions of clean
microplastics included in the aggregates after 8 and 12 days
(figure 2a,c). The proportions of microplastics, biofilm-
covered as well as clean, included in the aggregates were
significantly different between the different aggregation situ-
ations (electronic supplementary material, table S4), and they
increased from ‘artificial seawater’ via ‘filtered seawater’ to
‘unfiltered seawater’ (figure 2c). The significant interaction
between ‘biofilm’ and ‘situation’ (electronic supplementary
material, table S4) is again difficult to interpret, because the
effect size of ‘biofilm’ (i.e. the difference in the proportions of
aggregated microplastics) did not differ substantially between
the aggregation situations nor did the direction of the biofilm
effect vary between them.
The proportion of POC included in the aggregates after
3 days was significantly larger with biofilm-covered micro-
plastics compared to the situation with clean microplastics
(Welch-adjusted t-test: t ¼ 5.22, p  0.001; figure 2d ). Further-
more, in the experiments with biofilm-covered microplastics,
the proportion of POC included in the aggregates after
3 days was considerably larger than those of the 8- and
12-day-long experiments carried out either with clean
microplastics or with biogenic particles only (figure 2b,d ).4. Discussion
Our experiments clearly revealed that microplastics of the
type we chose for our experiments have a high potential to
aggregate with marine biogenic particles and, at least in the
initial phase of the aggregate formation, to increase the natural
particle aggregation rates. By contrast, they seem to have a rela-
tively low potential to aggregate with themselves when
biogenic particles are absent, even when they are covered by
biofilms. This indicates that the presence of biogenic particles
is essential for a pronounced microplastics aggregation.Microplastics do not only interact with existing aggre-
gates, as shown earlier [21,22], but are obviously also
strongly involved in the formation of new aggregates. This
is indicated by their presence in the inner parts of the
formed aggregates and the fact that their addition to the
system resulted in a much earlier, faster and more pronounced
aggregate formation. Among the main factors responsible for
the initial step of aggregate formation (i.e. the collision of par-
ticles) are particle abundance and size [49]. The addition of
microplastics to the system increases both the total particle
abundance and the number of, compared to most plankton
cells, relatively large particles and thereby enhances the col-
lision probability of all particles. This mechanism probably
explains the increased particle aggregation rates in the pres-
ence of microplastics in the first days of aggregate formation
observed in this study.
Another main factor is the stickiness of the particles
involved in the aggregation, which has been known for a
long time for biogenic particles [24] but is here demonstrated
for microplastics for the first time. Polysaccharides and extra-
cellular DNA, like those identified in the biofilm matrices in
the present study, are known to be relatively sticky [38,39].
In aggregation experiments, extracellular polysaccharides in
seawater were demonstrated to increase the coagulation effi-
ciency of biogenic particles [50,51]. Accordingly, although the
stickiness of the microplastics was not determined in the
present study, it can be assumed that the biofilm-covered
microplastics were considerably stickier than the clean ones
and that this can explain the earlier onset of visible aggregate
formation between biofilm-covered microplastics and biogenic
particles and the significantly larger proportion of biofilm-
covered microplastics included in the aggregates when
compared with clean microplastics. Plastics that have been
shown to be colonized by microorganisms and covered by bio-
films in the oceans include various plastic types with different
properties such as polyethylene [26,27,29,30–33,36,52], poly-
ethylene terephthalate [28,31,33,35], polypropylene [27,29,33]
and polystyrene [25,29,31–34]. The biofilm formation tests
performed in the present study showed that the colonization
of plastics by microorganisms can be relatively rapid, which
is in accordance with the results of an earlier study [36].
These observations suggest that large proportions of the micro-
plastics ending up in the oceans are covered by biofilms and
become relatively sticky after short time periods. Conse-
quently, biofilm-covered marine microplastics being sticky
and featuring a large aggregation potential probably represent
the typical situation in the oceans. If the aggregation behaviour
of these microplastics is comparable with that observed in our
experiments, different implications described in the following
are conceivable.
Aggregation of microplastics with biogenic particles can
influence the sinking rates and thereby the fate of microplastics
in the ocean. Laboratory experiments of earlier studies showed
that the incorporation of microplastics in existing aggregates
can (i) increase or decrease the sinking rates of these aggregates,
depending on the aggregates’ composition and therewith mean
density relative to that of the microplastics [21], and (ii) increase
the sinking rates of the microplastics [22]. The latter can be
assumed to take place also when microplastics aggregate
with biogenic particles. If particles with a relatively high den-
sity, such as diatoms, are involved, the aggregation can result
in higher effective microplastics sinking rates. The input of





 on August 29, 2018http://rspb.royalsocietypublishing.org/Downloaded from layer, and the described ballasting probably causes a fast sink-
ing of microplastics out of this layer and thereby facilitates the
distribution of microplastics into deeper ocean compartments.
Such a removal from the surface layer can explain why the
concentrations of microplastics in the surface ocean were
observed to be lower than expected [19]. Our experiments
clearly showed that aggregates composed of biogenic particles
and microplastics can be stable for several days, which makes it
conceivable that such aggregates can ‘survive’ the often rela-
tively long-lasting sinking to great depths without breaking
apart and becoming decomposed before they reach the ocean
floor. Accordingly, besides a potential transport via the food
web, sinking in aggregates is very likely to be the main
transport pathway that causes the presence of microplastics
in deep-sea sediments observed earlier [9,11,13]. Important
implications of these processes are an increased availability
of microplastics to benthic organisms and a long-term
accumulation of microplastics in marine sediments.
Diatoms excrete polysaccharides that were shown to
increase the particle coagulation efficiency [24,50]. Accord-
ingly, the aggregation of diatoms and sticky microplastics is
probably very efficient, and in ocean areas where diatoms
dominate the phytoplankton community, aggregation can
be assumed to result in relatively fast sinking microplastics
and a rather pronounced removal of both microplastics and
associated organic material from the surface layer.
As already pointed out above, the results of the present
study indicate that the addition of microplastics to the system
stimulates the aggregation and clearly increases the aggrega-
tion rates of organic material, at least sporadically. This
suggests that microplastics can significantly modify the vertical
export of biogenic particles in the marine water column and
thereby alter globally important biogeochemical processes.
The formation of a biofilm on the plastic surface can reduce
the hydrophobicity of the plastic and make plastic with a
smaller density than that of seawater more neutrally buoyant
[26]. This can bring plastics such as polyethylene, which typi-
cally floats at the surface when it enters the ocean in a fresh
and clean state, into suspension, especially when the biofilms
contain many relatively dense small diatoms. This effect is
very likely to be intensified by aggregation of the plastic
particles with denser biogenic particles.
Microbial communities colonizing plastics were shown to
be distinct from those in the surrounding seawater and
to differ between different plastic types and different geo-
graphical origins [27,28,33,35]. Accordingly, the aggregation
of microplastics with biogenic particles might alter themicrobial communities of the forming aggregates. In addition,
through aggregation and subsequent aggregate sinking, these
microbial communities present on microplastics are vertically
distributed in the oceans and made available to the food web
of deeper ocean layers. Because microbial communities on plas-
tics can comprise pathogenic organisms as, for example,
bacteria of the genus Vibrio [27,34], such aggregation and sink-
ing processes probably increase the risk of organisms living in
deeper ocean areas not only to become exposed to microplastics
but also to become infected with pathogens.
In conclusion, this study demonstrates that microplastics
rapidly aggregate with marine biogenic particles, which
accelerates the gross aggregate formation including the incor-
poration of organic material. The microplastics’ aggregation
potential is significantly increased by the formation of biofilms
on the plastic surfaces, which probably is the typical situation in
the oceans where diverse bacterial communities colonize the
microplastics surfaces. It is very likely that similar processes
take place in the oceans and microplastics become strongly
involved in the natural aggregation dynamics and thereby influ-
ence the particle size distribution and the export rates of organic
matter. The experimentally demonstrated aggregation beha-
viour can explain the apparent removal of microplastics from
the surface layer of the oceans and the presence of microplastics
in deep-sea sediments. Future studies will have to further proof
the existence of microplastics-containing aggregates in the
marine water column using techniques such as sediment
traps, marine snow catchers and underwater vision profilers.Data accessibility. All data are available in the electronic supplementary
material.
Authors’ contributions. J.M. and A.E. conceived and designed the study.
K.W. contributed ideas. J.M. and A.S. performed the aggregation
experiments and analysed the samples. J.M. performed all photogra-
phy and microscopy analyses. M.L. performed the statistical
analyses. J.M. drafted the manuscript. All authors discussed and
revised the manuscript.
Competing interests. We have no competing interests.
Funding. This project was funded by the Cluster of Excellence 80 ‘The
Future Ocean’, which is funded within the framework of the Excel-
lence Initiative by the Deutsche Forschungsgemeinschaft (DFG) on
behalf of the German federal and state governments. A.E. and K.W.
were supported by the Helmholtz Association via the programmes
OCEANS and PACES, respectively.
Acknowledgements. We thank Tania Klüver for having performed the
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